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Abstract
We present a microfluidic holographic cytometry technique using three-dimensional (3D)
hydrodynamic focusing for accurate visualization, classification, and quantification of the cells
and particles from a mixture. Our approach uses high-resolution, single-shot digital holographic
microscopy to image moving cells and particles in a specially-designed microfluidic device that
orders the cells and particles in a single file close to the bottom wall of the channel. Our
3D-focusing microfluidic device allows high-magnification holographic imaging without the
need for computationally-expensive numerical refocusing used by the existing holographic
cytometry techniques. Our microfluidic device also prevents the clustering of cells and can be
fabricated at a low-cost using micromilling. To demonstrate the efficacy of our method, we
consider a challenging case of classification from a mixture of unstained red blood cells and
polystyrene particles, which are otherwise indistinguishable in brightfield and phase-contrast
microscopy. Through experiments with cell-particle mixtures with varying proportions, we
show that our holographic cytometry technique can precisely count and classify the cells and
particles based on their reconstructed phase values. Our holographic cytometry technique has
the potential for label-free classification and quantification of infected cells for applications
such as disease diagnostics, cancer research, and genomics.

Supplementary material for this article is available online

Keywords: digital holographic microscopy, hydrodynamic focusing, imaging flow cytometry,
microfluidics

(Some figures may appear in colour only in the online journal)

1. Introduction

Imaging flow cytometry (IFC) is a hybrid technique that integ-
rates microfluidic flow cytometry with optical microscopy for
quantitative high-resolution digital imaging of a large number

∗
Author to whom any correspondence should be addressed.

of cells. IFC has found applications in various fields, includ-
ing personalized medicine, clinical diagnosis assessment, and
cell phenotype profiling [1–4]. The integration of microscopy
with a flow cytometer has several advantages compared with
the single-point detection method. Firstly, imaging allows the
characterization of cell morphology, which is vital in evaluat-
ing and diagnosing numerous diseases. Moreover, unlike tra-
ditional flow cytometers, microfluidic IFC involves minimal
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sample and reagent consumption, lesser unit cost, and min-
imal contamination by using disposable microfluidic devices.
Various optical imaging techniques have been demonstrated
for IFC of cells and particles, such as leukemic cells [2],
endothelial cells [4], breast cancer cells [5], epithelial cells [6],
carcinoma cells [6], latex beads [7], and leukocytes [8].
Amongst all, fluorescence and brightfield microscopy are the
most commonly used techniques for imaging in IFC [1–11].
Even though brightfield microscopy is widely used for cell
imaging, low contrast limits its applicability for detailed ana-
lysis of cellular features [12]. On the other hand, fluores-
cence microscopy allows precise identification of cells based
on the specific wavelengths emitted by fluorophores attached
to individual particles or cells. Fluorescence tagging of cells
not only requires additional wet-lab processing effort but also
renders the cells unviable for further analysis. Therefore, there
is a need for high-resolution label-free imaging of cells in
IFC.

Digital holographic microscopy (DHM) has emerged as a
high-resolution imaging technique that can quantify cellular
characteristics without fluorescent tagging [13]. DHM differs
from traditional microscopy techniques because it does not
directly record a visually meaningful image of the object [14].
Instead, the object’s light wavefront data is digitally captured
as a hologram, and after that, the object image is reconstruc-
ted using a numerical method [15]. Consequently, rather than
modifying the bright field image with phase shift information
as in a phase contrast microscope, DHM generates a quant-
itative phase image, which provides the optical thickness of
the object. The optical thickness depends on the thickness and
refractive index of the objects, such as cells and particles.
Hence, cells and particles of the same morphology but hav-
ing different refractive indices can be recognized in DHM,
which are otherwise indistinguishable in brightfield and phase-
contrast microscopy.

The application of DHM for label-free classification of
cells in IFC has been recently demonstrated in a few micro-
fluidic devices. Zetsche et al [16] used DHM to classify
planktonic cells flowing in a straight microfluidic channel
based on their morphological and textural features. Later,
Mandracchia et al [17] demonstrated volumetric counting of
the red blood cells in a single microfluidic channel using
DHM. Xin et al [18] accessed the drug resistance of ovarian
cancer cells by extracting the optical, morphological, and tex-
tural features from quantitative phase images of cells flowing
in a straight microchannel. In the aforementioned demonstra-
tions of DHM in IFC, the cells were made to flow in a straight
microfluidic channel. Consequently, the cells were randomly
distributed throughout the depth of the microfluidic chan-
nel and hence required numerical refocusing [16–18]. Such
numerical refocusing involves propagating the reconstructed
complex-valued object field from the hologram in small steps
(∼1µm) over the whole channel depth (∼100µm). The best
focus plane is then determined by applying some sharpness
or contrast metric to complex-valued fields in all the propag-
ated planes [19, 20]. The numerical propagation of object

fields recovered from a hologram and focus plane determin-
ation thus require a few hundred fast Fourier transform and
image gradient operations for an individual object (cell or
particle). The numerical reconstruction along with focus plane
detection in DHM thus requires much more additional com-
putational resources. Moreover, if an individual object is far
from the nominal plane that is in focus while recording the
digital hologram, the corresponding object field may be highly
blurred, and there is a possibility of missing such objects com-
pletely. To reduce the number of steps in numerical refocus-
ing algorithms, Chen et al [21] and Park et al [22] performed
DHM-based IFC in a shallow microchannel. Although the
use of a shallow microchannel, which requires an expensive
microfabrication process, reduced the numerical refocusing
steps, the experiments of Park et al [22] showed that it did
not prevent the cells from clustering.

To improve the cell counting and classification accuracy of
DHM-based IFC, it is necessary to use a microfluidic device
that prevents cell-clustering and allows high-magnification
imaging of cells in a single focal plane. Moreover, it is desir-
able to have an inexpensive microfluidic device because, in
practice, the microfluidic chips for cytometry need to be dis-
posed off after single use to avoid contamination. To this end,
we here demonstrate an alternate way of holographic cyto-
metry for accurate cell counting and classification without the
need for computationally expensive numerical refocusing and
resource-intensive microfabrication processes. In this work,
we present microfluidic holographic cytometry using three-
dimensional (3D) hydrodynamic focusing as a convenient,
label-free method for the accurate classification and counting
of cells and particles. We image individual unstained RBCs
and polystyrene particles using an inverted, single-shot DHM
setup that is integratedwith an inexpensivemicrofluidic device
fabricated in poly(methyl methacrylate) (PMMA) using micro
milling. Our microfluidic device employs 3D hydrodynamic
focusing of the cells and particles in a single-file arrange-
ment near the bottom wall of the device. As all the cells
and particles remain in the focal plane, our method does not
require numerical refocusing as needed by all previous works
on DHM-based IFC. Moreover, positioning the cells near the
bottom wall of the channel allows imaging with high mag-
nification and low working distance microscope objectives.
By imaging RBCs and polystyrene particles, we demonstrate
the ability of DHM along with our inexpensive 3D-focusing
microfluidic device for accurate counting and classification
of cells and particles in IFC, without the need for numerical
refocusing.

We begin by demonstrating the ability of DHM to classify
stationary, unstained red blood cells and polystyrene particles
based on the reconstructed phase values. Thereafter, we report
the working principle and fabrication of our inexpensive 3D
hydrodynamic focusing microfluidic chip. We also discuss the
choice of geometric and operational parameters through com-
putational fluid dynamics simulations. We then demonstrate
the visualization of cells and particles in the 3D hydrodynamic
focusing device using DHM. Finally, we report the counting
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and classification of cells and particles from mixtures with
varying proportions of cells and particles using DHM-based
IFC.

2. Imaging cytometry using DHM

2.1. DHM visualization of stationary cells and particles

The schematic diagram of the inverted DHM setup for label-
free imaging of biological cells and particles is illustrated
in figure 1(A). The DHM technique is based on interference
between two phase-differentiated coherent beams, the object,
and the reference beams [23]. The object beam travels through
the cells and particles while the reference beam remains undis-
turbed. An interference pattern (hologram) is generated when
the object beam merges with the reference beam. The inter-
ference pattern, which consists of the amplitude and phase of
the entire image field, is recorded by a camera. This interfer-
ence pattern carries the entire depth information of cells and
particles.

The phase recovered from the interferometric pattern is
expressed mathematically by the arctangent function, which
is wrapped in the interval [−π,π]. Thus, phase unwrapping is
required to associate a particular phase mapwith a surface pro-
file (cell and particle), which is carried out by using the trans-
port of intensity equation based method [24]. Moreover, the
phase profile information is reconstructed from the interfero-
metric pattern using an optimization-based numerical method
described by Singh and Khare [25]. The magnitude of phase
shift is regulated by the optical thickness, which depends on
the thickness and refractive index of the cells and particles.
The unwrapped phase map can be related to the morphology
of the object (cell or particle) as follows: ϕ(x,y) = (2π/λ)´
dz nr(x,y,z). Here λ is the illumination laser wavelength,

and nr(x,y,z) is the real part of the relative refractive index
profile of the cells and particles with respect to the surround-
ing medium. The imaginary part of the refractive index gen-
erally refers to the absorption coefficient which is negligible
for unstained transparent objects used here. The maximum
phase is calculated by taking the maximum value in a par-
ticular phase profile (cells and particles) within the region of
interest (ROI), ϕmax = maxx,y ϕ(x,y). The phase map com-
puted through the holographic technique also contains addi-
tional morphological information which was not required in
the present demonstration, however, may be useful in the
future for other objects that may possess internal structure.
Note that our optimization based numerical approach allows
phase reconstruction with full diffraction-limited resolution
from a single image of the interference pattern as shown in
section 2.4. This single-shot DHM capability allows us to
reconstruct phase of moving cells and particles.

We used aDHMsystem (Holmarc, HO-DHM-UT01, India)
based on the Mach–Zehnder interferometer, as shown in
figure 1(A), to measure the relative phase shift. Here, beam
splitter 1 splits the low-intensity collimated laser beam (λ =
633 nm, 3mW) into two parts. Thereafter, a slight incline in

beam splitter 2 yields a slanted plane reference beam R(x,y)
and an enlarged image field O(x,y) at the sensor plane using
the infinity imaging system. In our setup, a white LED is
also provided separately so that the sample slide plane can be
imaged onto the sensor in bright field mode.

Previous works on DHM-based IFC used morphological
features, such as cell size and shape, in addition to DHM-
derived phase values for cell classification in IFC [16, 18, 22].
In contrast, for our experiments, we considered a challen-
ging case of classification from a mixture of morphologically-
similar unstained RBCs and 10µm particles in 1× phosphate-
buffered saline (PBS) solution. These unstained cells and
particles were chosen purposefully because they are indis-
tinguishable under brightfield and phase-contrast microscopy
and can be classified only on the basis of their phase values.

First, we visualized the individual cells and particles and
a mixture of cells and particles on glass slides in brightfield
mode using an inverted microscope equipped with a 20×
objective (NA= 0.45, Plan Fluor) and a CMOS camera (uEye
3070 CP, IDS, Germany). The brightfield microscopy images
of the unstained RBCs, particles and the mixture of RBCs
and particles are shown in figures 1(a)–(c), respectively. These
images clearly show that the unstained RBCs and particles are
difficult to distinguish using a brightfield microscope. In the
supporting information, we show that these cells and particles
are even indistinguishable using phase-contrast microscopy.
Next, we visualized the cells and particles using the same
microscopy setup but in the holographic mode. The interfer-
ence patterns captured for individual RBCs, particles, and the
mixture of RBCs and particles are shown in figures 1(d)–(f),
respectively. Figures 1(g)–(i) show the reconstructed phase
image of individual RBCs, individual particles, and a mixture
of RBCs and particles. The cells and particles show a clear
quantitative difference in their phase profiles. Hence, we infer
that DHM can recognize the cells and particles based on the
phase value, which are otherwise indistinguishable in bright-
field microscopy. The maximum phase, ϕmax for cells is in the
range of 3.0–4.0 rad, whereas the maximum phase of particles
ranges between 6.3 and 7.0 rad.

2.2. Microfluidic device design

2.2.1. Working principle and fabrication. We designed and
fabricated an IFC microfluidic device, which is particularly
suitable for high-magnification DHM-based cell imaging and
counting while avoiding numerical refocusing. The design of
the microfluidic device is shown schematically in figure 2.
The cross-junction microdevice consists of one sample inlet,
two sheath inlets, and one outlet. The mixture of cells and
particles is injected into the device from the sample channel
while sheath fluid is introduced from the sheath channels. At
the junction, the sheath fluid hydrodynamically focuses the
cells and particles along the width of the channel. A novel fea-
ture of the device is that the height of the sheath channels is
kept greater than that of the sample channel so that the sheath
fluid also focuses the cells and particles along the depth of
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Figure 1. (A) Schematic representation of an inverted DHM system
based on the Mach–Zehnder configuration. (B) Reconstruction of
the phase profile from the interference patterns. Brightfield images
of (a) unstained RBCs (b) polystyrene particles (c) mixture of RBCs
and particles. Interference patterns for (d) RBCs (e) polystyrene
particles (f) mixture of RBCs and particles. Reconstructed phase
images of (g) RBCs (h) polystyrene particles (i) mixture of RBCs
and particles. The chosen cells and particles are indistinguishable
under a brightfield microscope (a)–(c). However, after
reconstructing the phase profile (g)–(i), it is possible to differentiate
the same-sized cells and particles.

the channel, resulting in 3D focusing of cells and particles.
Unlike other 3D sheath flow focusing devices, our specially-
designed device focuses the cells in a single file close to the
bottom wall of the microchannel. Hence, our device ensures
the alignment of the cells and particles within the small work-
ing distance of the high-magnification objective of the inverted
digital holographic microscope. More importantly, the cells
and particles flow within the depth-of-field of the microscope
objectives, thereby avoiding the need for computationally-
expensive numerical refocusing in DHM.

The microfluidic device was fabricated on a 3mm thick
PMMA substrate using micro milling with a 200µm dia-
meter carbide endmill. After that, the reservoirs at the channel

Figure 2. Schematic of the microfluidic chip for IFC. A mixture of
cells and particles are three-dimensional (3D) hydrodynamically
focused close to the bottom wall downstream of the cross-junction
as the height of the sheath channel is higher than the height of the
sample channel that connects the sample inlet and outlet.

ends were made by drilling 2mm diameter holes. The open
microfluidic devicewas cleanedwith de-ionizedwater and iso-
propyl alcohol and then thermally bonded with a 250µm thick
PMMA sheet. In the present study, the widths (w) of all the
channels were 200µm, while the height of the sheath channels
(D) and main channel (d) were 300µm and 100µm, respect-
ively. This height ratio D/d was chosen based on numerical
simulations, discussed in section 2.2.2. The sample channel
connecting the sample inlet and outlet was 35mm long, while
the sheath channel was 15mm long. Moreover, the distance
between the inlet reservoirs to the cross-junction was 7.5mm,
whereas the distance between the outlet and cross-junction
was 27.5mm in our fabricated chip.

2.2.2. Numerical simulations of three-dimensional hydro-
dynamic focusing. To design and assess the effectiveness
of the device for 3D flow focusing of the sample stream, we
performed 3D computational fluid dynamics simulations. The
depth (df) and width (wf) of focused sample stream are gov-
erned by the dimension of the device (w, D, d) and flow rate
of the sample (Qs) and sheath fluids (Qsh). At low Reynolds
number, the dimensionless depth (df/d) and width (wf/w) of
the focused stream depend primarily on three dimensionless
numbers, (a) height ratio of the sheath-to-sample channels
(D/d), (b) aspect ratio of the sample channel (w/d), and (c)
sample-to-sheath flow rate ratio (Qs/Qsh). To investigate the
effect of the D/d and the Qs/Qsh on the wf/w and df/d, we
solved the mass and momentum conservation equations for
the steady, incompressible flow using a commercial computa-
tional package (COMSOL Multiphysics). The computational
domain, shown in figure 3(a) has the same geometrical dimen-
sions as the actual device.We applied uniform velocity bound-
ary conditions at the sample and sheath inlets, while constant
pressure boundary condition was prescribed at the outlet as
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Figure 3. (a) Simulated 3D hydrodynamic focusing of sample stream for height ratio D/d = 3 and flow rate ratio Qs/Qsh = 0.025.
(b) Cross-section of the 3D-focused stream at the outlet of the microchip. The streamlines originating from the sample inlet were computed
to calculate the width and depth of the hydrodynamically focused stream. (c), (d) Numerically predicted width and depth of the focused
stream for various combinations of D/d and Qs/Qsh. The depth of the focused stream (df) can be varied primarily by D/d, while the desired
width (wf) can be achieved by controlling Qs/Qsh.

shown in figure 3(a). The no-slip boundary condition was used
at all walls of the microchannel. We used the uniform quadri-
lateral grid in the x, y, and z directions. The simulations were
performed for various mesh sizes ranging from 0.43µm to
0.01µm. Based on the grid independence test, we selected a
mesh size of 0.04µm for the numerical investigation of fluid
flow in a flow-focusing device.

The streamlines starting from the sample inlet were com-
puted to calculate the depth and width of the hydrodynam-
ically focused stream. The extreme streamlines at the outlet
of the microfluidic chip were used to estimate the depth and
width of the focused stream, as shown in figures 3(a) and (b).
The simulated width and depth of the focused sample stream
for varying flow rate ratio (Qs/Qsh), and the height ratio (D/d)

are presented in figures 3(c) and (d). We infer from figure 3(c)
that the width of the focused stream reduces almost linearly
upon decreasing Qs/Qsh. This is because at lower Qs/Qsh,
a larger fraction of the sheath fluid is available to focus the
sample fluid. As shown in figure 3(a), forD/d> 1, the sample
stream focuses three-dimensionally close to the bottomwall of
the microchannel. Figures 3(c) and (d) shows that as the D/d
increases, the depth of focused stream reduces. However for
increasing height ratio (D/d), the width of the focused stream
increases to ensure mass continuity of the sample stream.

From figure 3(d), we also infer that the depth of the focused
stream is weakly dependent on the sample-to-sheath flow rate
ratio andmainly dependent on the height ratio of the sheath-to-
sample channels. Therefore, to get desired depth (df/d) of the
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focused stream, firstly, the height ratio of the sheath-to-sample
channels (D/d) can be fixed. Subsequently, the sample-to-
sheath flow rate ratio (Qs/Qsh) can be selected to achieve the
desired width (wf/w) of the sample streamwithout varying the
depth of the focused stream. Hence, our device enables inde-
pendent control of the depth and width of the focused stream
by the height ratio of the sheath-to-sample channels (D/d)
and sample-to-sheath flow rate ratio (Qs/Qsh), respectively.
This unique characteristic of our 3D hydrodynamic focusing
chip is beneficial for the easy selection of operating paramet-
ers and device dimensions to focus cells and particles of dif-
ferent sizes. Moreover, as suggested by the simulations, our
3D sheathing technique is not restricted to a specific range of
flow rates. Therefore, our microfluidic chip can be operated
at even higher flow rates for high-throughput cytometry sys-
tems. Based on simulations, we estimated that for D/d = 3
and Qs/Qsh = 0.025, both the depth (df) and the width of the
focused (wf) stream in our device are around 25µm, which are
approximately three times the diameter of cells or particles.
Our experiments presented in section 2.3 show that this com-
bination of D/d and Qs/Qsh ensures accurate 3D hydro-
dynamic focusing of cells, which prevents cell-clustering and
obviates the need for numerical refocusing along the depth of
the microchannel.

2.3. Experimental methodology

Figure 4(a) shows a schematic illustration of the experimental
setup for visualization and classification of a large number of
cells and particles from the mixture. In all sets of experiments,
the sample fluid consists of cells (RBCs) and particles (poly-
styrene, 10µm, Sigma-Aldrich) mixed in 1× PBS solution,
while the sheath fluid was 1× PBS buffer. A single-channel
syringe pump (KD Scientific/Cole-Parmer, Legato 110, USA)
was used to inject the sample fluid, while a dual-channel syr-
inge pump (KD Scientific, Legato 210, USA) was used to
inject the sheath fluid from the two side channels. The syr-
inges containing the sheath and sample fluids were connec-
ted to the inlet reservoirs using pressure monitoring tubes,
as shown in the figure 4(b). At a cross-junction, the sheath
fluid streams hydrodynamically focus the sample fluid stream
along the width and depth of the channel near to the bottom
wall. The 3D hydrodynamically focused stream consisting of
cells and particles was visualized in holographic mode using
the inverted DHM microscope equipped with a 20× object-
ive and a CMOS camera, as shown in the picture of the actual
setup in figure 4(b). In our experiments of imaging and clas-
sification of cells and particles from the mixture, presented in
figures 5(a)–(c), we choseQs = 1µl min−1,Qsh = 40µl min−1

as suggested by the numerical simulations.
To demonstrate the overall operation of the microfluidic

device, in figure 5(a) we show a snapshot of 3D hydro-
dynamic focusing of unstained cells, captured using a bright-
field microscope with 10× objective. The 10× objective was
used to demonstrate 3D hydrodynamic focusing with a wider
field of view. Upstream of the junction, most of the cells
appear out of focus as they are distributed throughout of
depth of the channel. However, all the cells remain in the

Figure 4. (a) Schematic illustration of the experiments to visualize
and accurately classify cells and particles from a mixture using the
combination of DHM and the 3D-hydrodynamic focusing device.
(b) The actual experimental setup showing the various components
of the setup. Inset of figure (b) shows the fabricated 3D flow
focusing device.

focus of the microscopic objective downstream of the junc-
tion because RBCs flow in a single file after 3D hydrodynamic
focusing. The 3D focusing of cells in a single file not only
allows imaging of all the cells in a single focal plane but
also prevents cell-clustering observed in previous works on
DHM-based IFC [21, 22]. Additionally, we used a hologram
domain criterion of least amplitude modulation of interference
fringes [26], to ensure that the focus plane of the microscope
objective lens nominally coincided with the hydrodynamic
focus plane of our device. Therefore, image reconstruction
using DHM in our experiments did not require numerical refo-
cusing along the depth of the microchannel.

For cell and particle classification experiments, we selected
a small ROI downstream of the junction (350µm× 36µm), as
all the cells and/or particles flow in a single file, as schemat-
ically illustrated in figure 4(a) and observed experimentally in
figure 5(a). To image all the cells and particles, it is neces-
sary to choose the camera’s frame rate (1/∆t) such that no cell
passes the ROI during the time interval (∆t) between acquir-
ing two successive images. This criterion can be fulfilled if

6



J. Micromech. Microeng. 33 (2023) 024003 Y M Patel et al

Figure 5. (a) Demomstration of 3D-hydrodynamic focusing in the
microfluidic device using a low-magnification (10×) objective of
brightfield microscope. All the cells remain in the optical focus of
the microscopic objective downstream of the junction as cells flow
in a single file after 3D focusing. (b), (c) Interference patterns and
corresponding reconstructed phase images of five moving cells and
particles acquired downstream of the junction using DHM with a
20× objective. The reconstructed phase value of particles is
noticeably higher than that of cells, enabling classification.

∆t is less than the residence time (∆x/ū) of cells or particles
within the ROI. Here, ∆x is the axial length of ROI, and ū =
(Qs+Qsh)/(wd) is the mean flow velocity in the sample chan-
nel. In our experiments, the ∆t = 9.5ms was chosen to be
less than the residence time of 10.2ms. Thus, in our experi-
ments, the probability of missing the imaging of cells within
the ROI is very low. We captured the interference patterns of
cells and particles within the ROI, and from them, the phase
profiles were generated by applying an optimization algorithm
of Singh and Khare [25]. The five representative interference
patterns and the corresponding phase reconstructed images
of moving cells and particles are shown in figures 5(b)
and (c), respectively. Note that all phase reconstructions
were performed without applying the numerical refocusing
algorithm.

2.4. Imaging of cells and particles

We performed four sets of experiments in which the first two
sets consisted of flowing and imaging either cells or particles,
while the third and fourth sets involved a sample mixture of
cells and particles. The first and second sets of experiments
were performed to check the typical maximum phase value of

cells and particles, based on which we can classify the cells
and particles from the mixture. Figures 6(a) and (c) present
the temporal variation of the maximum phase, within the ROI,
as individual cells and particles, respectively, flow one-by-one
through the detection section. Each short (red) peak represents
the presence of cells, while the tall (blue) peak represents the
presence of particles within the detection section. The max-
imum phase value varies between 3.0–4.0 rad in individual
cell experiments and 6.3–7.0 rad for individual particle experi-
ments, as depicted in figures 6(a) and (c). In all, we imaged and
counted 196 cells and 203 particles in experiments for indi-
vidual cells and particles.

Figures 6(a) and (c) show the time instances at which the
cells and particles arrive at the detection section, and the dis-
tribution of corresponding inter-arrival times. To determine
whether all the cells and particles traveling through the detec-
tion section were imaged individually within the ROI, we
plot the histogram of inter-arrival times in figures 6(b) and
(d). The histograms of inter-arrival time reveal that the inter-
arrival time follows an exponential distribution, which is typ-
ical of events that occur constantly and independently at a fixed
mean rate. In the present case, these independent events are
the arrival of cells and/or particles inside the ROI. The mean
inter-arrival time for individual cells and particles experiments
obtained by fitting an exponential distribution to the data for
inter-arrival time is 0.31 s and 0.30 s, respectively. Because the
mean inter-arrival time is much larger than the time interval
between successive images (∆t = 9.5ms), the probability of
arrival of more than one cell together in ROI is very low.

Next, the third set of experiments was carried out in which
the sample fluid consisted of a mixture of cells and particles,
approximately in equal proportion. The temporal variation of
the maximum phase, within the ROI, as the mixture of cells
and particles flow one-by-one through the detection section,
is shown in figure 6(e). In figure 6(e), the short (red) peaks
correspond to the presence of cells, and the tall (blue) peaks
are for the particles. There is a significant difference in the
phase for cells and particles, which allows the classification of
cells and particles from the mixture based on their maximum
phase value. Figure 6(f) depicts that the inter-arrival time for
the mixture of cells and particles case is also exponentially dis-
tributed like the experiments for individual cells and particles,
and the mean inter-arrival time is 0.31 s. The throughput of
our microfluidic holographic cytometry was 200 cellsmin−1.
Note that, in our approach, the throughput is limited by the
camera frame rate, which was 105 fps in our experiments.
The throughput can be easily scaled to order 2000 cellsmin−1

using commercially-available microscopy cameras with order
1000 fps frame rate and ten-fold higher sample and sheath flow
rates.

2.5. Counting and classification of cells and particles from
the mixture

In figure 7, we present the empirical distribution of the
reconstructed phase values for DHM-IFC experiments for
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Figure 6. Temporal variation of maximum phase value for cells, particles, and the mixture of cells and particles (c : p = 50% : 50%) and
the corresponding probability distribution of inter-arrival time. (a), (c) and (e) show the variation in maximum phase value within the ROI
with time for cells, particles, and a mixture of cells and particles. The short (red) peak represents the presence of cells, whereas the tall
(blue) peak speaks for particles. (b), (d) and (f) show the empirical distribution of inter-arrival times for cells, particles, and a mixture of
cells and particles. The probability distribution of inter-arrival time is exponentially distributed, with a mean of 0.31 s for cells, 0.30 s for
particles, and 0.31 s for the mixture of cells and particles.

individual cells, particles, and a mixture of cells and particles.
Figure 7(a) corresponds to the individual cells and particles
experiments in which the red color histogram between
3.0–4.0 rad shows the distribution of phase values for cells
while the blue histogram between 6.3–7.0 rad corresponds to
the particles. From figure 7(a), we infer that the difference in
the mean phase value for cells and particles is much larger
than the individual variability in phase value for the cells and
particles. This statistically significant difference in the max-
imum phase value allows us to accurately classify cells and
particles from the mixture. Figure 7(b) shows the histogram

of phase values for the mixture of cells and particles in which
cells and particles are mixed in roughly equal proportions.
We counted 87 cells and 105 particles in a single experi-
mental run.We then varied the proportion of cells and particles
in the mixture to demonstrate that our method could accur-
ately count and classify cells and particles from a mixture.
To this end, we increased the relative proportion of cells by a
factor of 1.6. Figure 7(c) shows the histogram of phase val-
ues for the mixture of cells and particles in which the pro-
portion of cells and particles is 80%: 20%. We counted 142
cells and 43 particles in a single experimental run for this set
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Figure 7. Counting or classification of cells and particles based on the maximum phase value in the ROI. (a) The red histogram shows the
empirical distribution of maximum phase values for individual cell experiments, while the blue histogram corresponds to the particles. The
196 cells pass through detection volume in 60 s, having phase values in the range of 3.0–4.0 rad, whereas 203 particles cross the detection
volume in 60 s, having phase values between 6.3 and 7.0 rad. (b), (c) Histogram of phase values for the mixture having 50% : 50% and
80% : 20% of cells and particles in the sample.

of experiments. The measured ratio of the number of cells to
particles varies according to the change in sample composition
fixed during the sample preparation, which demonstrates the
ability of our approach to accurately count and classify each
cell and particle in the mixture.

3. Conclusions

We have demonstrated an accurate holographic cytometry
method using three-dimensional hydrodynamic focusing to
visualize and classify cells and particles from a mixture.
In contrast to the existing approaches, combining the 3D
hydrodynamic focusing device with DHM allows accurate
counting and classification of cells without the need for
computationally-expensive numerical refocusing and com-
plicated microfabrication processes. In this paper, we first
demonstrated the ability of DHM for the classification of sta-
tionary RBCs and polystyrene particles which are otherwise

indistinguishable in brightfield and phase-contrast micro-
scopy. Using DHM, we classified the cells and particles on
the basis of reconstructed phase values, and the maximum
phase for cells and particles ranges between 3.0–4.0 rad and
6.3–7.0 rad, respectively. Next, we have presented visualiza-
tion and classification of flowing cells and particles in an inex-
pensive 3D hydrodynamic focusing microfluidic device using
DHM. Our experiments clearly show that DHM along with
the 3D focusing device can perform accurate, label-free clas-
sification and quantification of cells and particles in IFC. In
the future, we plan to explore the use of DHM-based IFC for
cell classification in practical applications such as disease dia-
gnostics, cancer research, and genomics.
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